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Abstract

Catabolism of excess dietary protein byAedes aegyptiwas investigated during larval development, during and after metamor-
phosis. Activity profiles were established for xanthine dehydrogenase (XDH, uricotelic pathway) and arginase (ureotelic pathway).
Both enzymes are active at all times during the life-cycle. During the aquatic larval and pupal instars, XDH and arginase activities
increase with body size. Maximal activities of these two enzyme systems coincide with the time of metamorphic restructuring.

Both enzymes are found in the fatbody tissue: XDH activity is found in 80% of the tissue, while arginase activity is distributed
equally between abdominal fatbody and the thorax. This might indicate a role for arginase other than catabolic, such as energy metab-
olism.

Arginase activity is high in the aquatic instars and low in sugar-fed females but increases after blood-feeding. XDH activity,
also high in larvae and pupae, increases markedly after a blood meal.

Larval excretion is characterized by the ureotelic pathway. The pupae as closed systems excrete neither uric acid nor urea; urate
accumulates during larval and pupal periods, is conserved throughout metamorphosis, and is finally voided with the meconium by
the teneral imago. This presents a form of transient storage–excretion. 2000 Elsevier Science Ltd. All rights reserved.
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1. Introduction

Growth and reproduction in the animal kingdom
depend on massive protein requirements from environ-
mental sources. Owing to various and frequent imbal-
ances of the diet, more protein is ingested than is needed
for growth or metabolic functions. It is a basic tenet of
animal physiology that aquatic animals dispose of their
excess nitrogen as water-soluble compounds such as
ammonia and urea, while terrestrial animals eliminate
catabolic nitrogen as highly insoluble uric acid
(Wigglesworth, 1965; Walsh and Wright, 1995; Wright,
1995). Nitrogen metabolism and excretion have been
studied extensively in vertebrates while far less is known
for invertebrates, and particularly in insects many funda-
mental aspects still remain unclear (Cochran, 1985; Har-
rison, 1995). This is surprising in view of their impor-
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tance as crop pests and vectors of many diseases. Insects
have colonized the widest array of natural and man-made
habitats. This was possible because of their high degree
of specialization in nutritional and physiological adap-
tations. With respect to protein catabolism and removal
of toxic nitrogen, three basic mechanisms have been
recognized: uricotely, i.e. the synthesis of uric acid; ure-
otely, the production of urea; and ammonotely, the
release of ammonia or ammonium ions (Bursell 1967,
1970; Cochran 1975, 1985). Depending on the habitat
and the respective food supply, one or other of these
excretory patterns has evolved in a given group of
insects. Particularly in endopterygote insects where
metamorphosis is often accompanied by exploring dif-
ferent habitats, catabolic adaptations should be compared
between different life-periods. This is exemplified by
mosquitoes whose life-cycle comprises an aquatic and a
terrestrial phase.

Aedes aegyptihas become a relevant and convenient
laboratory model system for studying both basic physi-
ology and medical/entomological aspects of zoonoses.
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The larvae live in temporary, small water bodies and
feed on particulate matter, mostly “detritus” and its bac-
terial flora. Pupal periods last only 2 days and are charac-
terized by high mobility despite profound metamorphic
reorganizations taking place. The imagoes are purely ter-
restrial and thus have adopted totally different life-styles
with two different feeding modes: carbohydratesversus
protein-rich vertebrate blood. Conceivably all these dif-
ferences in life-history require special adaptations.
Haematophagy with all its physiological consequences
is a prominent evolutionary step. Digestive and repro-
ductive physiology of imaginal periods have been stud-
ied extensively and quantified (Briegel and Lea, 1975;
Graf and Briegel 1982, 1985; Briegel, 1990). Recently
we have begun to analyze nutritive and developmental
aspects of mosquito larvae for several species
(Timmermann and Briegel 1998, 1999). Indeed, there is
an excess of dietary protein ingested with respect to
growth requirements.

As opposed to aquatic conditions, terrestrial insects
face the problems of nitrogen disposal with limited water
supply and the maintenance of osmotic balance. In that
respect uric acid is considered to be an ideal nitrogenous
waste because it can be eliminated with minimal water
loss. This is important in blood-sucking insects such as
tsetse flies, bed-bugs and mosquitoes, because blood also
contains considerable amounts of inorganic salts. The
tsetse fly,Glossina morsitans, inhabiting arid environ-
ments excretes uric acid besides two nitrogen-rich amino
acids, arginine and histidine, as well as haematin, the
prosthetic group of haemoglobin (Bursell, 1965; Bursell
et al., 1974). InRhodnius prolixushistamine and urate
are also prominent excretory products (Wigglesworth,
1931; Harrington, 1961). Wigglesworth studied urate
transport through the Malpighian tubules and its sub-
sequent precipitation in the rectum (Wigglesworth,
1931). In mosquitoes, uric acid is the primary nitrogen-
ous waste after blood-feeding, followed by ammonium
and urea, together with histidine, arginine, and haematin
(Briegel 1969, 1985; Briegel, 1986a).

According to Bursell (1967) the majority of the diet-
ary protein-derived amino acids is transaminated to glut-
amate which may either be oxidized, and the resulting
a-ketoglutarate channelled into intermediary metab-
olism, or be used for the synthesis of uric acid in the
fatbody. Urate synthesis has been investigated inRhod-
nius prolixusand found to be identical to sauropsid ver-
tebrates (Barrett and Friend, 1966). The last two steps
of uric acid synthesis are catalyzed by xanthine dehydro-
genase (XDH) for which we have described the physio-
logical significance in femaleAedes aegypti(von Dung-
ern and Briegel, 2000). For the formation of urea two
possibilities exist: either it is a degradation product of
uric acid or it is part of the ornithine cycle. Degradation
of urate is rare in insects and does not proceed beyond
the formation of allantoic acid (Cochran, 1985). There-

fore, urea in most cases must derive from the conversion
of arginine to urea and ornithine, catalyzed by arginase.
This enzyme has been reported in several insect species
(Cochran, 1985). The enzymology for a complete orni-
thine-cycle appears to be missing in insects (Cochran,
1985; Urich, 1990).

In view of the concomitant operation of the uricotelic
and ureotelic pathways in mosquitoes, as evidenced by
quantitative determinations of their faecal output in
relation to protein input (Briegel, 1985; Briegel, 1986a),
we now present an enzymatic analysis for the entire life-
span ofAe. aegypti. We focus on an intraspecific com-
parison of uricotely and ureotely during the
aquatic/larval and terrestrial/imaginal periods by estab-
lishing activity profiles for XDH and arginase. Further-
more, we assessed the consequences of starvation and
desiccation on protein catabolism and nitrogen excretion
in the imago. Non-excretory functions of uric acid will
be discussed in regard to larval/pupal development
within the concept of storage–excretion.

2. Material and methods

2.1. Mosquitoes

Larvae ofAedes aegypti(L.), strain UGAL (Briegel,
1980), were reared on a high protein standard diet (Lea,
1964) or on Tetramin (Timmermann and Briegel,
1993) at a constant temperature of 27±0.5°C. Imagoes
were kept at the same temperature with 85±5% relative
humidity under long day conditions (14L:10D) with
access to 10% sucrose. For colony maintenance females
were routinely fed on an unanaesthetized and restrained
guinea-pig. Two additional strains with different colour
patterns have been included. Based on the scaling of the
abdominal tergites, aformosustype of Ae. aegyptihas
been selected during several generations of inbreeding
(Briegel, 1986b). By contrast, a completely pale
queenslandensisphenotype has been selected from the
East African strain Bwamba (Trpis and Ha¨usermann,
1986). To minimize the dark pigment, it was hybridized
with a white eye mutant that occurred spontaneously in
another strain ofAe. aegyptiin our stock collection
(Briegel, 1986b)

Mated females with access to 10% sucrose were
chosen the second day after eclosion for identical body
size. As a standard experimental blood meal 3µl of hep-
arinized rat blood were injected by enema 3 days after
eclosion (Briegel and Lea, 1975). Subsequently, each
female was kept in a test-tube (10×75 mm). In this way
we collected the excreta of individual females. Water or
sugar was withheld throughout the reproductive cycle
unless stated otherwise. If necessary, temporal fraction-
ation of faecal material was achieved by transferring
females into new test-tubes at fixed time intervals. For
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oviposition, females were put individually into round
cages (23 ml) and supplied with cellucotton pads soaked
with distilled water. Fatbody preparations consisted of
abdomens from which the intestine, the gonads, the Mal-
pighian tubules, and the ventral nerve cord were
removed and then rinsed in buffer.

Experimental mosquitoes were immobilized briefly on
ice to determine their body size. In larvae, the width of
the head capsule was used to distinguish the instars, and
their thorax width recorded as an expression of larval
body size (Timmermann and Briegel, 1998). In pupae,
the length of the cephalothorax was measured. Standard
pupae had a cephalothorax of 2.05–2.15 mm. The wing
length was measured from the axillary incision to the
distal end excluding the fringe. Thus, females with wing
lengths of 2.7–2.9 mm in this study correspond to 3.2–
3.4 mm as determined by Briegel (1990) or Timmerm-
ann and Briegel (1998). For all these linear measure-
ments the cubic value was used as an expression of body
size (Briegel, 1990). To record ovarian development the
length of the yolk mass was measured in several follicles
(Lea, 1967).

2.2. Biochemical analyses

All preparations and sampling of material were perfor-
med on ice and collected into cooled centrifuge test-
tubes (Eppendorf, 1.5 ml). Homogenization was effected
with a motor-driven hand homogenizer (Pellet Pestle
Motor, Contes) for whole mosquitoes or larvae. Midguts,
fatbodies, and Malpighian tubules were sonicated for 1–
2 s (Branson B15, Microtip).

The assay for arginase (EC 3.5.3.1) is based on the
procedure of Archibald (1944) and on the method of
Brown and Cohen (1959) developed for the colorimetric
demonstration of urea in tadpole liver, both modified in
our laboratory (G. Rohaly, unpublished). It consists of
the spectrophotometric determination of urea derived
from the degradation of 1 mole of arginine to 1 mole
of urea and ornithine, catalyzed by arginase. Individual
mosquitoes or tissues were collected in a total volume of
200 µl of the detergent hexadecyltrimethyl-ammonium
bromide (Sigma H-5882) at a concentration of 0.024%
and homogenized. The homogenates were incubated
immediately with the substrate solution for 60 min at
27°C. The substrate solution consisted of 50 mM gly-
cine, 21 mM arginine and 0.5 mM MnCl2×4 H2O dis-
solved in distilled water and adjusted to pH 9.5 with 0.1
N NaOH. The reaction was stopped by the addition of
500 µl of 0.5 M perchloric acid. Samples could then be
stored on ice for up to 2 h. To precipitate the protein,
samples were heated at 100°C for 10 min, cooled to
room temperature and centrifuged at 16 000g for 15 min.
Each supernatant was incubated with 700µl of a 1:2
sulphuric–phosphoric acid mixture plus 70µl of the col-
our reagenta-isonitrosopropiophenone (3% in absolute

ethanol, Sigma I-3502) for 1 h at 100°C. This reaction
had to be performed in darkness because the developing
purple colour proved to be light sensitive. After cooling
to room temperature, absorption was determined in a
photometer (Spectronic 601, Milton Roy) at 540 nm.
Using a standard of 0.4% crystalline urea (Merck
12007), the amount of urea produced could be calcu-
lated. Arginase activities are given in nmol
urea/min/insect.

The assay for xanthine dehydrogenase (E.C.
1.1.1.204) follows the methods of Glassman (1962),
Parzen and Fox (1964) and Hayden and Duke (1979)
as modified and described by von Dungern and Briegel
(2000). It is based on the oxidation of xanthine to uric
acid and the accompanying reduction of NAD+ to
NADH, recorded alternately in the same samples.
Samples were collected in a total volume of 500µl ice-
cold Tris–HCl buffer (0.05 M, pH 8.0), which was sup-
plemented with 1% bovine serum albumin (Sigma, A
7030) and then homogenized. Standard assay mixtures
consisted of Tris–HCl buffer (0.05 mM, pH 8.0), 0.1
mM xanthine, 0.1 nM EDTA, 1 mM NAD+ (Boehringer
127981) and 100–250µl crude enzyme solution in a total
volume of 3 ml. XDH activities are given inµmoles of
uric acid formed per minute, based on the molar absorp-
tion of uric acid of 1.22×104 cm21 (Anon., 1972).

Usually XDH activity is given in absolute terms, i.e.
activity per insect or per body part, or is expressed in
percent of the mean maximal activity in the fatbody
observed after a standard blood meal. For comparisons
between small and standard-sized, or male and female,
mosquitoes, the following approach was adopted to pro-
vide specific activities. Since the buffer system for XDH
contains large amounts of serum albumin it was not feas-
ible to relate XDH activity to the protein content of the
samples. Instead we used body size which correlates
with total protein content of mosquitoes (Briegel, 1990)
as an approximation. To normalize enzyme activities to
size, they were divided by the cubic value of the wing
length, revealing size-specific activities as
µmol/min/mm3. Since XDH activity in the entire body
presumably does not follow exactly the same dynamics
as in the fat body, we only compared size-specific activi-
ties among the same body segments. An analogous
approach was applied for size-specific uric acid content,
expressed asµg/mm3.

Faecal samples were eluted in 1 ml of 1% lithium
carbonate to dissolve uric acid and haematin and treated
in the same way as described by von Dungern and Brie-
gel (2000).

For the determination of uric acid and urea from the
same faecal samples we have developed the following
procedure. Excreta were first dissolved in 500µl of
water; appropriate aliquots of 50–100µl were taken for
urea measurements with an enzymatic assay (Merckotest
3334, Merck). To the remaining solution 400–450µl 1%
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lithium carbonate were added to give a final volume of 1
ml, and uric acid was determined as before (Van Handel,
1975). In certain experiments 5–10 mosquitoes were
kept in cups (800×900 mm; 204 ml) and their pooled
faeces treated similarly: they were eluted first in water,
then in lithium carbonate, with the volumes adjusted to
the number of mosquitoes used, i.e. a final volume of 1
ml per mosquito.

Midguts were also dissected on ice, collected in a total
volume of 250µl Tris buffer (0.05 M, pH 8.4) in cooled
centrifuge test-tubes (Eppendorf, 1.5 ml), sonicated
(Branson B15, Microtip) and subsequently stored at
220°C until analysis. Trypsin activity was measured at
25°C against TAME (tosyl-arginine methylester, Sigma
T 4626) following Graf and Briegel (1982). Aminopepti-
dase activity was determined with LPNA (leucine-p-
nitroanilide/HCl; Sigma L 9125) as a substrate following
the procedure of Graf and Briegel (1982). Proteolytic
activities are given as U/midgut, based on millimolar
extinction coefficients of 0.409 for TAME and 9.62 for
LPNA (Hörler, 1995) and were also expressed as percent
of their mean maximal activities after a standard blood
meal. Aliquots of 0.05–0.5 midguts were used through-
out.

Protein was measured for individual mosquitoes as
total nitrogen by the Kjeldahl procedure (Minari and Zil-
versmit, 1963; von Dungern and Briegel, 2000). Total
lipid was determined in chloroform–methanol extracts
by a vanillin–phosphoric acid reaction as described by
Van Handel (1985) with soybean oil (0.1% in chloro-
form; Sigma S-7381) as standard.

Regressions and ANOVA analyses were performed
using Statview 4.02. Sample differences were tested for
significance byt-test (Sokal and Rohlf, 1981).

3. Results

Larval development is an intense phagoperiod
accompanied by rapid growth, particularly during the
fourth instar (Timmermann and Briegel 1998, 1999).
Feeding and growth end with pupation 6–8 days after
hatching. To investigate the fate of surplus protein
acquired through the incessant feeding period of larvae
III and IV we analyzed larval material at daily intervals
for catabolic enzyme activities. Their body size was
measured and their total protein content determined.

Arginase activity was measured from the second lar-
val instar to the pharate pupa. It increases linearly with
body size during the time of development, although with
great variability (Fig. 1). In Fig. 2 we have combined
all the mean arginase values for a complete activity pro-
file which includes the imaginal life-span ofAe. aegypti.
At the time of the larval/pupal transition its activity
doubled, reaching the maximal peak of 23.3
nmol/min/insect in newly molted pupae. Thereafter it

Fig. 1. Arginase activity in whole-body homogenates of larvae and
pharate pupae ofAedes aegypti.Single larvae were assayed except for
the second instar where pools of 10–20 were used; data are from differ-
ent experiments. Symbols: LII, LIIII, LIV s and pharate pupaj.
Activity follows a linear regression on body size:Y=3.17X20.39
(N=143, r2=0.663,t=16.59,P,0.0001).

Fig. 2. Arginase activity in whole-body homogenates during the life-
cycle ofAedes aegypti. Data are means of nmol/min/insect. Except for
LII ( G) where pools of 10–20 were used, individual mosquitoes were
assayed: LIIIj, LIV h, P I, sugar-fed femaless. For LII N=5 and
for all other instarsN=6–39.

sharply decreased and in the teneral imago it fell to
approximately 15% of the pupal maximum. Surprisingly,
activity persisted long into imaginal life; it remained
constant for the first few days, and then gradually
decreased to 10–15% of the teneral value during 3–4
weeks. In teneral females arginase activity was equally
distributed between abdomen and head/thorax (47.6%
and 49.7% of whole-body activity respectively). After
centrifugation of a larval homogenate (16 000g, 15 min)
before incubation, the arginase activity in the supernatant
was only 10% of the total activity, indicating a mito-
chondrial localization (Tsuyama et al., 1980).
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The same larval and pupal material also showed sub-
stantial XDH activity during the developmental period. It
correlates linearly with larval body size:Y=1.30X+0.21
(N=109, r2=0.781, t=19.53, P,0.001). The maximal
values were close to 8µmol/min/insect in late fourth
instars. Larval urate nitrogen also showed a linear
increase: Y=0.86X20.39 (N=124, r2=0.824, t=23.91,
P,0.001), parallel to total protein nitrogen:
Y=19.66X25.00 (N=116, r2=0.947, t=44.47,P,0.001).
In absolute terms urate nitrogen increased from roughly
0.2 µg per larva up to 4µg per larva; at the same time
protein nitrogen reached up to 80µg per larva. From
these data average daily syntheses of protein and urate
could be computed: 20µg per larva for protein nitrogen
and 0.05–0.1µg urate nitrogen. In the larval rearing
water, however, only traces of uric acid were detectable.
To test the extent of uric acid excretion, single fourth
instar larvae were rinsed in distilled water and trans-
ferred to 3 ml of distilled water. After 6 and 12 h, the
water was analyzed for urate but less than 10 ng of urate
nitrogen were found, indicating negligible excretion. The
time interval of 6–12 h was short but for reasons of urate
stability longer periods were found unsuitable. Thus lar-
vae synthesize urate which is not excreted.

To further characterize this larval uricotely, pupae of
uniform size (2.05–2.15 mm cephalothorax length) were
analyzed for XDH activity and urate at several time
points. In Fig. 3 the means are combined with those of
the last two larval instars. During the fourth instar, both
parameters rose steeply, parallel to the feeding activity.
As stated before, after pupation XDH declined to about
half its activity but urate reached a stable plateau at
roughly 2.5 µg nitrogen per female pupa. Fig. 3 also
indicates that roughly a third of this urate is excreted
within 12 h of eclosion, together with the meconium.
Therefore, urate accumulates during the larval period; it
is conserved in the pupa until eclosion when it is voided
within the first day of imaginal live.

Male pupae are considerably smaller than female
pupae (1.8–1.9 mm) but when normalized for size XDH
activity was similar to females.

To localize the site of enzyme activities, early and late
LIV, female pupae, newly eclosed and 3-day-old females
were divided into abdomen and head/thorax. Expressed
as percent of the total XDH activity, the abdominal
values of 50% in early LIV increased to 80% in 3-day-
old females. In contrast, in the head/thorax segment the
XDH activity decreased from 40% in early LIV to about
10% of the possible maxima in 3-day-old females. This
indicates enzyme localization within the fatbody and a
massive proliferation of the fatbody tissue. The remain-
ing activity was distributed among the Malpighian
tubules and midguts. In contrast, arginase activity of
teneral females is equally distributed among the two
body segments.

Detailed XDH activity profiles for females have been

Fig. 3. Compilation of XDH activity and uric acid accumulation dur-
ing the development ofAedes aegypti. Whole-body preparations of
larvae (LIII j, LIV h), female pupae (I) and newly eclosed females
(s, and white bar) were assayed. Meconial urate at 12 h after eclosion
sums up to the pupal level (dotted segment). Enzyme activity is given
in µmol/min/insect and uric acid inµg nitrogen/insect,N=10–39.

presented before (von Dungern and Briegel, 2000),
where it was shown to be expressed throughout imaginal
life and to rise steeply after a blood meal, proportional
to the amount of protein ingested.

There was a rapid increase of arginase activity after
blood-feeding, with a maximum around 18 h (Fig. 4).
As in larvae, it showed a high variability despite constant
blood meals of 3µl, indicating considerable individual
differences. Dry faecal samples were collected in a tem-
poral sequence and quantified for urea and urate. A total
of 6.8 µg urea nitrogen and 16.7µg urate nitrogen was
recovered, both taken as 100% in Fig. 4b. Excretion of
urea preceded and terminated a few hours before the
expulsion of urate was complete. The peak of arginase
activity correlates with the amount of dietary protein.
With enemas of 1, 3, and 5µl of rat blood, arginase
activity increased with similar kinetics, but the maxima
were gradually reached later, namely at 18, 24, and 32
h after the injection, with a corresponding enhancement
from 60% to 100%, and 120%, respectively.
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Fig. 4. (A) Arginase activity in the female fatbody (h) of blood-fed
Aedes aegypti. (B) Faecal urea (s) and urate (I) during the course of
a gonotrophic cycle. All females were of uniform size and received 3
µl of blood. Both catabolites were measured from the same faecal
samples. Data are in percent of their respective maxima: for arginase
3.45 nmol/min/fatbody; for cumulative urea 6.79µg nitrogen and for
uric acid 16.67µg nitrogen;N=4–12.

Since blood-fed females were reported to respond to
the presence of drinking water by increased ureotely at
the expense of uricotely (Briegel, 1986a), this effect was
reinvestigated at the enzymatic level. Females with
identical blood meals of 3µl either were kept completely
dry during the digestive period or had access to drinking
water ad libitum from water-soaked cotton wicks. XDH
and arginase activities were determined as well as faecal
urea and urate. XDH activity did not differ among the
two groups. Arginase activity, for unknown reasons,
remained at 20–40% of the maximal values reported in
Fig. 4, despite the presence of drinking water. The cumu-
lative output, however, showed more drastic results.
With water available, urea excretion increased by 30%,
whereas urate output dropped by 40% (Fig. 5).

Males never feed on blood, they rely exclusively on
carbohydrates throughout their life and consequently are
assumed to refrain from protein catabolism. As men-
tioned before, in pupae no sex-related differences were
found for XDH activity. Within 2 days after eclosion,
however, males excrete more urate than their sisters and
similar cumulative amounts until death 3 to 8 days after
eclosion. Taking body size into account, starving males

Fig. 5. Effect of dessiccation on protein catabolism in blood-fed
Aedes aegypti. (A) XDH activity, (B) and (C) cumulative excretion of
uric acid and urea when females had access to water (h, N=6–11) or
were without water (I, N=3–7). Data are percent of maximal values
observed without water: XDH 4.42µmol/min/fatbody; urate 18.96µg
nitrogen/female; urea 6.79µg nitrogen/female. The dotted line in A is
a plot of the standard curve for XDH.

excreted twice the amount of urate per body volume (or
protein) until death than did their sisters. This is reflected
in a higher size-specific XDH activity: 13.0
µmol/min/mm3 in males and 9.6µmol/min/mm3 in
females; the corresponding values for abdominal fatbody
were 8.0 µmol/min/mm3 in males versus 6.6
µmol/min/mm3 in females.

The functional role of XDH is pleiotropic. Since its
involvement in pigment synthesis has been established
(Ziegler and Harmsen, 1969), we carried out a prelimi-
nary comparison between two strains of extreme body
coloration. XDH activity was followed during develop-
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ment and after a blood meal of a very palequeensland-
ensis strain (QUWI) and a very darkformosus type
(UGFO) of Ae. aegypti. In both strains, XDH increased
in linear fashion until pupation, although slightly steeper
in the larvae of the pale QUWI genotype. This strain
took half a day longer until pupation, hence grew slightly
larger and reached a 10% higher enzyme activity at the
onset of pupation. Consequently, in teneral pupae the
XDH was 1.3 times higher than in the dark UGFO types.
But pupal urate synthesis was only 0.15±0.02µg of size-
normalized nitrogen versus 0.27±0.03µg nitrogen in the
dark form, or 0.25±0.02µg urate nitrogen in the UGAL
strain. Teneral females of both strains had equal protein
contents when normalized for size, and after a blood
meal there were no significant differences in XDH
activities and its temporal pattern. The dark form had a
1.3-fold higher lipid content at eclosion.

4. Discussion

In terrestrial insects uricotely evolved as a detox-
ification mechanism for catabolic nitrogen in combi-
nation with an efficient conservation of body water due
to the extremely low solubility of uric acid. Ureotely, on
the other hand, prevails in aquatic insects or instars
where water conservation is of little or no concern
(Cochran, 1985). It was found that in mosquitoes both
mechanisms are active throughout the whole life-span,
although to various extents. First evidence for the oper-
ation of both pathways was reported for blood-fed mos-
quitoes by Briegel (1986a) who established complete
nitrogen budgets during reproductive cycles ofAe.
aegypti. Although uric acid prevailed, appreciable
amounts of urea and ammonium were excreted together
with free amino acids (Briegel, 1969; Briegel, 1986a).
In this report the co-existence of uricotely and ureotely
is clearly substantiated at the enzymatic level.

Arginase and XDH follow similar temporal patterns
during the developmental period and reproductive cycles
of Ae. aegypti, which have been summarized diagram-
matically in Fig. 6. Activities of both enzymes increase
during the larval period and reach their absolute maxima
at the time of pupal moulting. These highest activities
supposedly accompany the breakdown of the larval
muscles and restructuring of the new flight muscles.
Thereafter, activities decline and level off during the last
quarter of pupal development and this decrease con-
tinues for the rest of the life, as long as no additional
protein input is given. Temporal profiles of XDH and
arginase start to diverge during pupation. XDH falls to
40% of its maximum during the last 12 h of the pupal
period, while arginase activity drops to a mere 10–12%
of its maximum. These two levels represent the activity
of newly eclosed females. This is interpreted as evidence
for a switch to the water-conserving uricotelic pathway

now that the mosquito is preparing itself for terrestrial
life. The two enzyme systems differ drastically: on a
molar basis maximal XDH activity is 200 times higher
than maximal arginase in the aquatic stages: 5.5µmol
uric acid/min versus 0.02µmol urea/min. This is surpris-
ing in view of the absolute amounts, where urea forms
the principal catabolite of mosquito larvae, and their
negligible excretion of uric acid. Nevertheless, ureotely
operates mainly during the water-bound periods ofAe.
aegypti, where arginase activity is about 10 or 100 times
higher than in blood-fed or sugar-fed females respect-
ively.

In earlier experiments we estimated the excretion of
220 µg of urea nitrogen until the last day of larval life
as opposed to about 2µg of urate nitrogen (G. Rohaly,
unpublished results). Larval urate excretion was also
observed inCulex pipiensand Anopheles stephensi(G.
Rohaly, unpublished results). ForAe. aegyptireared on
the standard diet, Timmermann and Briegel (1993) cal-
culated a potential protein input of 2875µg nitrogen per
larva based on their food analysis and feeding regime.
Since newly eclosed females of average size contain
roughly 50µg of nitrogen (Briegel, 1990; Timmermann
and Briegel, 1999), the following distribution can be
assumed: 2% of the theoretical input is converted to
female biomass, roughly 8% is released as urea and far
less than 1% is excreted as urate. This adds up to an
approximate consumption of 10% of the potential diet
per larva until completion of metamorphosis. These fig-
ures also indicate that four times as much nitrogen is
catabolized than is retained for biosynthesis or growth,
reflecting a 20% efficiency in nutrient exploitation. This
proportion in turn is comparable to blood meal utiliz-
ation of 20–40% for oogenesis (Briegel, 1985). More-
over, it points to the significance of lipids in larval
nutrition. Timmermann and Briegel (1999) reported on
the massive larval biosynthesis of lipids. Feeding largely
on plant detritus in nature, larvae are forced to consume
large quantities of plant material in order to obtain the
essential polyunsaturated fatty acids. Their permanent
feeding behaviour is considered of adaptive value for
growth on lipid-deficient or unbalanced natural diets,
leading to protein ingestion in excess of the growth
requirements. This in turn offers a physiological expla-
nation for the high protein catabolism in mosquito lar-
vae.

In all cases enzyme activity correlates with body size
and thus with total protein content. Since in both male
and female larvae the protein content increases linearly
with body size, and since their level is maintained
throughout pupation (Timmermann and Briegel, 1999),
no sex-related differences are thought to exist for larval
XDH or arginase activities. Even though male larvae
synthesize lipids at higher rates than females
(Timmermann and Briegel, 1999), the rates of protein
catabolism are not affected because of obligate protein
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Fig. 6. Diagram of the two catabolic enzymes in whole-body homogenates during the entire life-span ofAedes aegypti.Enzyme activities in
percent of maximal activity in teneral pupae (tP): (A) XDH 5.5±0.2 µmol/min/pupa; (B) arginase 0.023±0.01 µmol/min/pupa. For comparison,
activities after a blood meal refer to the fat body. Heavy horizontal bars represent gonotrophic cycles after standardized blood meals of 3µl.

deamination. It is in the pupa that sexual differentiation
in catabolic enzyme activities begins, leading to the pro-
nounced sexual dimorphism of the imago.

The pupa is a closed system and does not discharge
solid or semi-solid wastes. The high XDH activities in
teneral pupae suggested the synthesis of urate as a result
of larval muscle degradation and to represent a form of
storage excretion of surplus nitrogen. Its transient nature
is revealed by urate excretion shortly after eclosion as a
prominent meconial component. The concept of storage
excretion has already been recognized by Wigglesworth
(1942, 1965, 1987), who demonstrated the presence of
uric acid in aqueous vacuoles of the fatbody from starv-
ing and well-fed larvae ofAe. aegypti. Wigglesworth’s
histochemical results are entirely in line with the ones
of our study. It is noteworthy that the accumulated urate
is largely retained throughout the pupal period and not
discharged. Seeking for an explanation, physiological

properties of uric acid ought to be considered. Uric acid
readily sequesters ions in biological fluids and has there-
fore been proposed to function in osmoregulation
(Cochran, 1985; Walsh and Wright, 1995). Wiggles-
worth (1933) described the appearance of urate in the
lumen of the Malpighian tubules ofAe. aegyptilarvae
when they were transferred to saltwater, indicating an
osmoregulatory role of urate in mosquito larvae which
ingest large quantities of ions along with the food. Fur-
thermore, fatbody levels of uric acid were found to cor-
relate with the storage of sodium and potassium ions
which has been suggested to represent an “ion sink” dur-
ing metamorphosis (Jungreis and Tojo, 1973) or during
times of water stress (Mullins and Cochran, 1974;
Tucker, 1977). Living in aquatic habitats may cause
osmotic problems. Since uric acid readily forms urates
under physiological conditions (Cochran, 1985), this
might play a crucial role in maintaining homeostasis.
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Uric acid can also act as a scavenger of free radicals
and as an antioxidant in biological systems (Becker,
1993). Free radicals are a by-product of normal cell
metabolism under aerobic conditions. Organisms have
evolved several defense mechanisms involving the
action of antioxidants such as uric acid. InDrosophila
XDH activity and urate levels climb rapidly in late larvae
and early pupae and both are maintained at high levels
throughout metamorphosis. Mutants lacking XDH/uric
acid often die during metamorphosis, presumably
because of free radical damage (Hilliker et al., 1992). In
Ae. aegyptian antioxidative protection by urate is diffi-
cult to establish. Arguing against such a role is a high
XDH activity at the onset of metamorphosis, followed
by a rapid decline, in contrast to the situation inDroso-
phila.

In Anopheleslarvae Benedict et al. (1996) identified
white pigments in the parietal fatbody as uric acid; its
function was suggested to represent protective coloration
as a sort of sunscreen. This is conceivable forAnopheles
larvae because they feed and rest horizontally at the
water surface of sunlit pools. For Culicine larvae, how-
ever, with their hanging body posture, breeding more
often in shaded containers, an antioxidative protection
conferred by uric acid might be less likely.

Males and females ofAe. aegyptieclose with active
XDH and arginase, which persist at measurable levels
when fed sugar for the entire life. Therefore, a minimal
catabolic potential is conserved throughout life. Both
enzyme activities are in fact accompanied by urate and
urea excretion, albeit in small quantities, even after the
meconium has been voided.

The principal site of XDH activity is the abdominal
fatbody throughout the entire life-span (von Dungern
and Briegel, 2000). There are, however, some changes
in tissue distribution during development. XDH pro-
gressively increases in the fatbody, apparently at the
expense of the head/thorax complex. A few days after
eclosion, about 80% of whole-body activity is contained
within the fatbody, reflecting proliferation and differen-
tiation of fatbody tissue during larval development and
metamorphosis which continues well into the teneral
imago. The fatbody, therefore, is not only involved in
biosynthesis of carbohydrates, lipids and vitellogenin but
is also the primary site of ammonia detoxification.

Arginase activity is equally distributed between the
female abdomen and the head/thorax segment. But after
a blood meal its increase in activity is associated with
the fatbody only and is protein-dependent (G. Rohaly,
unpublished results). This might indicate a dual signifi-
cance of the arginase system. Arginase is often found in
the fatbody and in the flight muscle, corroborating its
role in proline formation in various insects (Reddy and
Campell, 1969; Cochran, 1985). While urea forms the
ammonia detoxification product of the fatbody tissue, the
arising ornithine can be channelled into proline forma-

tion (Cochran, 1985). Proline in turn is an important
energy substrate for thoracic flight muscles in many
insects, particularly in the blood-sucking tsetse fly
(Bursell et al., 1974). InBombyx moriarginine was also
found to be involved in energy metabolism (Osanai et
al., 1987). The significance of the arginase reaction in
mosquitoes for energy metabolism remains to be evalu-
ated in view of glycogen as the primary fuel for flight
(Nayar and Van Handel, 1971; Nayar and Sauerman,
1973); its low activity should not preclude the involve-
ment in flight metabolism ofAe. aegyptiand possibly
other mosquito species.

Our comparative approach of XDH measurements in
two extreme colour phenotypes, QUWI (very pale) and
UGFO (mostly black), points to yet another aspect of
this enzyme system in the mosquito. The higher size-
specific XDH activity during development of the pale
phenotypes and its lower urate synthesis led us to con-
clude that XDH might be involved in pigment synthesis.
Bhalla (1967) had already investigated various mutants
of Ae. aegyptiand found strongly reduced levels of pteri-
dines in white eye mutants, but 2-amino-4-hydroxypteri-
dine was accumulated. This molecule is a substrate for
XDH and pteridines and can have colours ranging from
red to yellow to white. An alternative explanation for
the pale colour in our QUWI phenotype might be the
urate deposition in the integument. The wing scales of
Pieris brassica, the white butterfly, contain fatbody-
derived urate (Lafont et al., 1976). The black colour of
UGFO, on the other hand, is due to melanin (H.K.A.
Kayser, pers. commun.). In reptiles and salamanders, a
close relationship between pteridine synthesis and mel-
anin formation has been demonstrated (Ziegler, 1961).
In salamanders, hypermelanism is caused by, or linked
to, reduced XDH activities and can also be induced by
competitive inhibition of XDH by allopurinol (Frost and
Bagnara, 1979). Since XDH in our UGFO phenotype is
30% below the values of the QUWI, the dark mosquito
might represent a case of pronounced melanization.
Since insect pigmentation encompasses complex pro-
cesses, pigment formation and coloration in mosquitoes
call for future investigations.
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